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Abstract: High-throughput screening of oxidoreductases for enantioselectivity remains a key challenge in enzyme engineering, as traditional 
screening formats commonly provide activity data but not stereochemical discrimination. Herein, we describe a stereoselective colorimetric 
platform in which a monoamine oxidase variant selectively oxidizes (S)-configured amines to imines, releasing stoichiometric hydrogen peroxide 
that is detected through a horseradish peroxidase–mediated color reaction. This enables rapid screening in aqueous microplate formats, with 
color development that can be monitored in real time by standard plate readers. Control experiments confirmed the absence of background 
signal from (R)-configured amines or lysate components, demonstrating the assay’s high selectivity. The concept was further extended to other 
oxidoreductases by coupling enzymatic product oxidation to oxidase-mediated hydrogen peroxide formation and subsequent horseradish 
peroxidase–driven color development. Validation with engineered amine dehydrogenase (AmDH) and alcohol dehydrogenase (ADH) confirmed 
both sensitivity and enantioselectivity of the colorimetric assay, with visual results also validated by gas chromatography. This approach 
provides a scalable and versatile tool for accelerating the discovery and optimization of stereoselective biocatalysts. 
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INTRODUCTION 
HE chemical industry is increasingly driven toward 
greener and more sustainable synthetic routes, with a 

strong emphasis on achieving high enantioselectivity while 
minimizing environmental impact.[1–3] In this context, bio-
catalysis has emerged as a powerful tool, providing envi-
ronmentally friendly, atom-efficient, and highly chemo- 
and stereoselective routes to valuable building blocks 
including chiral amines and alcohols.[4,5] Over the past dec-
ade, several families of biocatalysts have been developed 
for amine synthesis, notably amine dehydrogenases 
(AmDHs)[6] and imine reductases/reductive aminases 
(IREDs/RedAms).[7] These enzymes have gained remarkable 
momentum, spurring extensive enzyme engineering cam-
paigns aimed at enhancing their performance in 

asymmetric catalysis, with some of them now applied at 
industrial scale.[8–11] This progress has been fueled by major 
advances in enzyme engineering methodologies, including 
molecular biology, directed evolution, metagenomic 
mining and machine learning.[12] However, a key challenge 
in optimizing enzyme properties through enzyme 
engineering is the efficient screening of large libraries of 
mutated enzymes (i.e., variants) to identify beneficial 
mutations. This requires high-throughput screening (HTS) 
assays capable of detecting enzyme activity and linking 
phenotype to genotype, thereby ensuring that desired 
traits can be traced back to their genetic origins. 
Additionally, for the evolution of stereoselective enzymes, 
enantioselective HTS methods (ee-HTS) that can rapidly and 
reliably distinguish between enantiomers are highly 
sought—ideally without the need of any sophisticated 
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equipment. The limited availability of such ee–HTS 
methods represents a critical bottleneck that currently 
constrains the laboratory evolution of highly selective 
biocatalysts.[13]  
 However, a range of ee-HTS assays have been 
developed over the past two decades. Spectrophotometric 
and fluorescence-based methods, such as UV/Vis assays 
with chiral para-nitrophenyl esters,[14] the EMDee assay 
(enzymatic method for determining enantiomeric excess) 
which exploits ADH enantioselectivity,[15] and DNA 
microarray fluorescence assays[16], are simple and sensitive 
but generally rely on surrogate substrates, existing enzyme 
scaffolds with known enantioselectivity, or multi-step 
sample preparation, and often show limited precision  
(± 10 % ee). Analytical techniques including chiral GC[17] or 
HPLC[18] remain the gold standard for accuracy but are too 
slow and labor-intensive for large-scale screening. More 
advanced platforms such as MS–[19–21] and NMR–[22] based 
assays offer high accuracy (± 2–5 %) and reasonable 
throughput, yet they typically require isotope labeling, 
derivatization, or precise reaction timing, together with 
specialized and expensive instrumentation. Similarly, FTIR-
based assays allow measurements directly in culture 
supernatants and achieve high throughput, but are limited 
to substrates with IR-active functional groups.[23] Capillary 
array electrophoresis (CAE) provides some of the fastest 
enantioselectivity determinations available (up to 30,000 
samples/day), though applications so far remain largely 
confined to chiral amines.[24] Finally, circular dichroism 
(CD)-based assays combined with HPLC separation offer a 
practical alternative, but their reliance on product 
separation makes their use in high-throughput enzyme 
engineering campaigns impractical.[25] In addition, 
microdroplet-based high-throughput screening 
technologies enable ultrafast analysis of millions of 
individual biocatalytic reactions per day with minimal 
reagent consumption, but they require highly specialized 
microfluidic instrumentation and expert operation, limiting 
their accessibility for most laboratories.[26]  
 Therefore, a broadly applicable, inexpensive, and 
enantioselective HTS assay that can be performed in aque-
ous microplate systems without derivatization or sophisti-
cated equipment remains elusive. Simple colorimetric 
assays are especially attractive for this purpose, as they 
provide immediate readouts by eye or by standard plate 
readers, require minimal sample preparation, and are 
inherently scalable. However, most colorimetric assays 
applied to amine synthesis do not resolve enantioselectiv-
ity. For instance, a widely used colorimetric assay is based 
on formazan, in which enzymatic NAD⁺ reduction to  
NADH is coupled—through phenazine ethosulfate (PES)  
as a mediator—to the reduction of colorless INT  
(2-(4-iodophenyl)-3-(4-nitrophenyl)-5-phenyltetrazolium 

chloride hydrate) to yield a red formazan dye detectable at 
495 nm (Figure 1a).[27] While useful for activity screening, 
this assay implies that variants catalytically competent in 
the reductive amination direction are equally active in the 
reverse (deamination) direction, often leading to false neg-
atives. False positives can also arise from non-specific 
tetrazolium reduction. Recently, this principle was adapted 
for IREDs/RedAms in the “IREDy-to-go” assay, which cou-
ples oxidative deamination-driven NAD(P)H formation to 
INT reduction, successfully detecting enzyme activity across 
variant panels.[28] Nevertheless, as with earlier formazan 
assays, enantioselectivity remains unresolved. Another 
simple NAD⁺ autofluorescence assay (Figure 1b), for exam-
ple, monitors NAD⁺ formation under strongly alkaline con-
ditions (pH > 13),[29] but suffers from low signal-to-noise, 
instability at high pH, and long incubation times, limiting 
throughput and sensitivity. A modified two-wavelength 
approach (340 / 600 nm) improves normalization but 
remains restricted to deamination reactions and is prone to 
substrate interference.[29,30] Parallel to these develop-
ments, a high-sensitivity, fluorescence-based enzyme cas-
cade assay for NAD(P)H-dependent  oxidoreductases has 
been described, achieving orders-of-magnitude greater 
sensitivity than conventional methods by linking enzyme 
turnover to downstream fluorescent signals such as the 
release of umbelliferon (Figure 1c).[31] While powerful, this 
system requires multi-enzyme coupling and fluorescence 
infrastructure, and like other fluorescence and formazan 
assays, it provides activity information but not enantiose-
lectivity. Beyond amine-focused screens, a broad toolkit of 
HTS assays exists across oxidoreductases that inform our 
design choices. For oxidases, assays that couple hydrogen 
peroxide production to horseradish peroxidase are widely 
used, typically employing chromogenic dyes such as 2,2′–
azino–bis(3–ethylbenzothiazoline–6–sulfonic acid) (ABTS),[32] 
3,3′,5,5′–tetramethylbenzidine (TMB),[33] or ortho–
dianisidine,[34] and are readily adapted to microtiter plate 
or solid-phase formats (Figure 1d). Recently, oxidase-
coupled colorimetric screening systems for reductive ami-
nases and related oxidoreductases have also been 
reported. In particular, the “RedAm Detect” platform cou-
ples aminase-catalyzed product formation to an amine oxi-
dase–HRP reporter system, enabling rapid, high-
throughput activity screening of RedAms, AmDHs, and 
AADHs.[35] While this approach enables quantitative moni-
toring of amine-production activity and facilitates large-
scale library screening, it does not directly address stere-
oselectivity or enantiomeric discrimination. Oxygenase 
activity can be monitored by coupling product formation to 
a horseradish peroxidase–hydrogen peroxide system, in 
which the initial oxidation products are further converted 
into colored or fluorescent dimers and polymers (see Figure 
1e for an example).[36] These strategies underscore the  
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Figure 1. a) Example of application of formazan-based assay: NAD(P)H generated by the primary enzyme reduces tetrazolium 
salts to colored formazans. b) NAD⁺ autofluorescence assay: NADH is acid-degraded and NAD⁺ is converted into a fluorescent 
species under strongly alkaline conditions. c) High-sensitivity fluorescence cascade: enzyme-generated NAD(P)+ is amplified 
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versatility and scalability of colorimetric reporting systems 
across oxidoreductases. However, they almost exclusively 
provide information on overall catalytic activity but not 
enantioselectivity, highlighting the central challenge that 
motivates the development of stereochemically discrimi-
nating, colorimetric high-throughput screening assays. 
 In this study, we report the development of a robust, 
ee-HTS assay for the detection of (S)-configured amines 
formed via reductive amination (Figure 3). The method is 
designed to directly evaluate the activity of potential (S)-
selective AmDHs, including engineered D-AADH variants, in 
the synthetically relevant direction without requiring 
reverse (deamination) activity or artificial surrogate 
readouts. Instead, the assay relies on the stereochemistry 
of the amine product which is oxidized by an 
enantioselective monoamine oxidase enzyme[37] (MAO) to 
the corresponding imine, generating stoichiometric 
hydrogen peroxide (H₂O₂) as a byproduct. This H₂O₂ is then 
detected through a horseradish peroxidase–catalyzed 
colorimetric cascade, enabling sensitive and real-time 
signal generation in aqueous solutions without the need for 
extraction or derivatization. Crucially, no colorimetric signal 
is observed in the presence of (R)-configured amines or in 
the absence of the amine product, thereby eliminating false 
positives and ensuring high enantio-discrimination. By 
focusing on the product of interest in the synthetically 
relevant direction, this system addresses key limitations of 
previous AmDH screening assays and provides a direct and 
selective tool for the discovery and engineering of AmDHs 
for asymmetric synthesis. 
 

METHODOLOGY 

Electrocompetent Cells and 
Electroporation 

For the preparation of electrocompetent cells, a glycerol 
stock of E. coli BL21(DE3) cells containing no plasmid, was 
used for streaking an antibiotic-free LB–agar plate, grown 
overnight at 37 °C. Next day, a single colony was used to 
inoculate an overnight culture (ONC) containing LB medium 
(5 mL). This ONC was used to inoculate the main culture 
(500 mL). When the OD was ~ 0.7–1, the main culture was 
chilled on ice for 20 min. After this time, the main culture 
was transferred under flame to 10 sterile falcon tubes (10 x 
50 mL) on ice. The falcon tubes were centrifuged for 15 min 
at 4500 rpm (4000g). The supernatants were removed, and 
it was ensured that no supernatant remained in the falcon 
tubes that could affect the transformation efficiency. The 
harvested cells were gently resuspended under flame in 50 
mL ice cold 10 % v v–1 glycerol (sterile) and the samples 
were centrifuged for another 15 min at 4500 rpm. The 
supernatants were removed, and the pellets were 

resuspended in another 25 mL of 10 % v / v ice cold glycerol. 
After another round of centrifugation (4500 rpm) and 
removal of the supernatants, the cells were finally 
resuspended in 2 mL 10 % v / v ice cold glycerol under 
sterile conditions. Aliquots of 40 μL were prepared and the 
electrocompetent cells were stored at –80 °C. For the 
electroporation, an aliquot of 40 μL of cells was used and 
gently mixed with 1.5 μL of the plasmid encoding for the  
D–AADH (pET28b). The mixture was cooled on ice for 1 min 
and transferred to a pre-cooled cuvette (sterile, 0.2 cm) 
under flame. The cuvette was inserted into the slide of the 
shocking chamber and a single pulse was delivered with the 
optimal voltage of 2.5 kV. The cuvette was removed from 
the chamber and 1 mL of SOC medium was immediately 
added. The cells were gently resuspended and transferred 
to a 17 × 100 mm polypropylene tube which was incubated 
for 1 h at 37 °C. 

Development of an Expression and 
Purification Assay in 96-Deep  

Well Blocks 
For the development of the high throughput screening 
method in 96-deep well blocks, modifications of the proto-
col reported by Bougioukou et al.[38] were made in order to 
optimize the process. The cFL1–AmDH was used as model 
enzyme because of its favorable properties. Aliquots of  
100 μL ONC were used to inoculate new 96–deep well block 
containing 400 μL of LB medium (in the case of 1 mL 96–
well plate) or 900 μL of LB medium (in the case of 2 mL 96–
well plate), supplemented with 50 μg mL-1 kanamycin. After 
3 h incubation at 37 °C with shaking at 390 rpm, another 
500 μL (for the 1 mL blocks) or 1 mL (for the 2 mL blocks) of 
LB medium supplemented with 50 μg mL–1 kanamycin and 
1 mM isopropyl-β-D-1-thiogalactopyranoside (IPTG) were 
added (final concentration of IPTG was 0.5 mM) and the 
plate was incubated at 25 °C overnight. The expression 
levels were observed by SDS-PAGE. The next day, the plate 
was centrifuged, and the supernatants were discarded. The 
pellets were frozen at –20 °C for at least one hour followed 
by thawing and resuspension in 150 μL washing buffer 
(potassium phosphate buffer pH 7.0, NaCl, Tween 20,  
0.04 % NaN3, IMAC purification kit). The plate was then 
shock-frozen in liquid nitrogen and immediately thawed 
with warm water for five times. The lysis of the cells was 
finally completed by the addition of lysozyme (2 mg mL–1) 
for 2 h at 4 °C and shaking in an orbital shaker (390 rpm). 
After incubation, the lysate was centrifuged at 5600 rpm for 
45 minutes and the supernatants were collected for 
purification. 
 Purification was performed with QuickPick IMAC kit 
protocol using PickPen 8–M, after modifications of manu-
facturer’s instructions. Magnetic beads (100 μL) were 
transferred to 150 μL regeneration buffer (aqueous NiSO4 
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solution, Tween 20, 0.02 % NaN3) and washed with washing 
1 buffer (potassium phosphate buffer pH 7.0, NaCl, Tween 
20, 0.04 % NaN3). After that, the beads were transferred 
to the sample (150 μL) and incubated at RT for 20 min with 
shaking at 700 rpm using an orbital shaker. After one 
washing step with washing 2 buffer (100 mM potassium 
phosphate buffer pH 7.0, 250 mM NaCl, Tween 20, 0.04 % 
NaN3, 20 mM imidazole), the protein was eluted with  
100 μL elution buffer (50 mM sodium phosphate buffer, 
300 mM imidazole, 500 mM NaCl, pH 8.0). The elution 
buffer composition, particularly the imidazole 
concentration, was optimized based on comparative 
elution trials using purified cFL1-AmDH, evaluating 
300 mM versus 500 mM imidazole and various elution 
volumes (50 μL, 70 μL, and 140 μL) to maximize protein 
recovery in a single step. Additionally, the incubation 
times for both the sample-bead binding step (2 × 20 min) 
and the elution step (1 × 10 min) were optimized through 
preliminary experiments to ensure efficient protein 
capture and recovery. 
 For the high-throughput biocatalytic reactions, the 
purified enzymes were used immediately without 
storage. A reaction premix was prepared containing 2 M 
HCOONH₄ / NH₃ buffer (pH 8.5), 2 mM NAD⁺, formate 
dehydrogenase (FDH, 3 mg in 10 mL), and 10 mM of the 
substrate (4’–fluorophenylacetone) dissolved in DMSO. 
The premix (100 μL) was dispensed into each well of a 
microtiter plate, followed by the addition of 100 μL of 
freshly purified enzyme, resulting in a final reaction 
volume of 200 μL per well. Reactions were incubated at 
30 °C. After 24 hours, the reactions were quenched by the 
addition of 100 μL of 10 M aqueous KOH. Product 
extraction was performed using 250 μL of 
dichloromethane (CH₂Cl₂), followed by centrifugation to 
separate the phases. The organic layer was dried over 
anhydrous magnesium sulfate and analyzed by gas 
chromatography (GC-FID). Conversions were determined 
using an Agilent GC system equipped with an Agilent J&W 
DB–1701 column (30 m × 320 μm × 0.25 μm). GC 
conditions: injector temperature 250 °C; constant 
pressure 6.9 psi; oven temperature program: 60 °C (hold 
6.5 min), gradient to 100 °C at 20 °C min–1 (hold 5 min), 
then gradient to 280 °C at 20 °C min–1 (hold 1 min). 

Small Scale Expression and Purification 
of D–AADH 

For the expression of D-AADH in 96-deep well blocks  
(2 mL), an ONC was prepared (10 mL LB medium 
supplemented with 50 μg mL–1 kanamycin). For each well 
of the plate, 100 μL of this ONC were used to inoculate 
900 μL of LB medium supplemented with 50 μg mL–1 of 
kanamycin. These main cultures were grown at 37 °C for 
3 h. After this time, a 1 mL LB medium supplemented with 

50 μg mL–1 kanamycin and 1 mM IPTG was added to each 
well and the cultures were grown at 25 °C overnight. The 
next day, the plate was centrifuged at 5600 rpm for 1 h. 
The supernatants were removed, and the pellets were 
resuspended in 150 μL lysis buffer (pH 8.0, 50 mM KH2PO4, 
300 mM NaCl). In total 50 μL from a home-made cell lysis 
reagent [(900 μL B-PER bacterial protein extraction 
reagent, 96 μL lysozyme of 100 mg mL–1 (concentration of 
stock solution) and 4 μL DNase of 10 mg mL–1 
(concentration of stock solution)] were added to each 
sample and incubated at 25 °C for 90 min to allow for 
enough time for cell disruption. The lysates were centri-
fuged for 90 min at 5700 rpm and the supernatants were 
transferred in a flat-bottom 96-well plate for downstream 
purification. 
 Purification was performed with 50 μL of beads 
using the following procedure. For each sample (well) to 
be purified, 50 μL of beads were transferred to a 96–well 
plate. This plate was put on top of a home-made magnetic 
plate to keep the beads on the bottom of the plate and 
the liquid phase (storage solution) could be easily 
removed. 250 μL of lysis buffer was added to the well 
containing the beads. The beads were incubated in lysis 
buffer for 1 min. After that, the lysis buffer was removed 
and 100 μL of regeneration buffer were added to the 
beads and incubated for another minute. After the 
incubation time, the regeneration buffer was removed 
and another 250 μL of lysis buffer were added to the 
beads. After another minute, the lysis buffer was re-
moved following by the addition of the 200 μL lysate. The 
lysate was incubated with the Ni2+ magnetic beads for 10 
min at 4 °C. After that time, the 96–well plate containing 
the beads was placed on the top of the magnetic plate and 
the liquid phase was removed. 250 μL of wash buffer (pH 
8.0, 50 mM KH2PO4, 300 mM NaCl, 30 mM imidazole) 
were added and incubated for 2 min. Finally, the enzyme 
was eluted with 50 μL elution buffer (pH 8.0, 50 mM 
KH2PO4, 300 mM NaCl, 500 mM imidazole) after 
incubation of another 5 min. After this step, the elution 
buffer containing the enzyme was stored and the beads 
were incubated in 200 μL elution buffer to remove any 
traces of bound enzyme.  
 The enzyme concentration was determined using 
the Bradford assay. A BSA stock (10 mg mL–1) was 
prepared. Using this stock, samples with different 
concentrations of BSA (0.15–0.5 mg mL–1) were prepared. 
20 μL of each sample were added in 980 μL of Bradford 
solution and the absorbance at 595 nm was determined. 
Based on the obtained values, a calibration curve was 
determined with slope 0.791 (R2: 0.993). A diluted sample 
(1 : 2, v / v) of the purified D-AADH was prepared and 20 
μL of this sample were added into 980 μL Bradford 
solution and the absorbance at 595 nm was measured. In 
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order to calculate the concentration of the enzyme  
(mg mL–1), the obtained value was divided by the slope 
and multiplied by the dilution factor (2). 

Expression of MAO-D5  
E. coli BL21(DE3) cells (glycerol stocks) harboring pET-28a 
plasmids encoding for the MAO–D5 and MAO–D9 were 
used to prepare ONCs (5 mL LB medium supplemented with 
ampicillin 100 μg mL–1). Next day, 100 μL of the ONCs were 
used to inoculate 10 mL of LB medium supplemented with 
ampicillin 100 μg mL–1. This small main culture was grown 
at 30 °C until the OD600 ~ 0.7–1 was reached. After the 
required time, 8 mL of this culture was used to inoculate 
the main large culture (800 mL of LB medium supple-
mented with ampicillin 100 μg mL–1), which was grown at 
30 °C overnight. The next day, the cells were harvested by 
centrifugation (15 min, 4500 rpm at 4 °C) and the pellet was 
resuspended in 50 mM KPi buffer, pH 7.6. Lysis of the cells 
was performed with ultrasonication (total sonication time 
10 min). After centrifugation, the soluble part was stored at 
–80 °C supplemented with FAD and used as cell free extract 
in all reactions performed.  

Colorimetric Assays for the Detection of 
(S)-configured Amines 

 
2,4,6-TRIBROMO-3-HYDROXYBENZOIC ACID-BASED 

ASSAY 
In this assay, 15 μL of the supernatant (cell free extract) 
containing MAO-D5 supplemented with FAD was used. 
Using 0.75 mM of 4–aminoantipyrine (AAP, compound 2, 1 
M stock in DMSO) and 0.54 mM of 2,4,6-tribromo-3-
hydroxybenzoic acid (compound 1, stock 2 % w / v in DMSO), 
an assay solution was prepared in 100 mM KPi, pH 7.6. The 
reaction consisted of 180 μL of assay solution, 15 μL of 
MAO-D5 cell free extract and 5 μL of horseradish pe-
roxidase (HRP) solution (HRP stock 1 mg mL–1). The reaction 
was started by the addition of amine (stock 1 M) at the de-
sirable concentration. 
 

CHROMOTROPIC ACID BASED ASSAY 
AAP (compound 2) and 500 mM of chromotropic acid (CTA, 
compound 4) were prepared as stock solutions in DMSO. In 
addition, 1 M H2O2 stock solution in dH2O was freshly 
prepared. The assay solution 2 (1 mL) was prepared by 
adding 3 mM AAP, 15 mM CTA and 10 mM H2O2 in either 
100 mM sodium phosphate buffer pH 6.5 or 100 mM KPi 
buffer, pH 7.6. The substrate (5 mM) was added from a 
stock solution 1 M in DMSO. Reaction was started by the 
addition of 10 μg mL–1 HRP. Reactions were measured 
spectrophotometrically using a fluorometer with excitation 
filter A-590 and without any emission filter. 
 

EXPRESSION AND PURIFICATION OF Lb-ADH AND YcnD  
Lb-ADH was expressed and purified as reported in our 
previous study.[39]  
 E. coli BL21(DE3) cells transformed with plasmid 
encoding YcnD were streaked on LB agar plates containing 
ampicillin (100 μg mL–1) and incubated overnight at 37 °C. 
Single colonies were used to inoculate 150 mL LB cultures, 
which were grown overnight at 30 °C with shaking. The next 
day, these pre-cultures were used to inoculate 800 mL 
main cultures supplemented with 100 μg mL–1 ampicillin. 
Cultures were grown at 30 °C until OD₆₀₀ reached 0.6–1.0, 
at which point protein expression was induced with 0.5 mM 
IPTG and continued overnight at 30 °C (115 rpm). Cells 
were harvested by centrifugation (4,500 g, 15 min, 4 °C), 
washed with ice-cold 100 mM Tris-HCl buffer (pH 8.0), and 
stored at –20 °C. For lysis, cell pellets were resuspended in 
His-lysis buffer (50 mM sodium phosphate, 10 mM 
imidazole, 10 mM NaCl, pH 8.0) and supplemented with a 
trace of FMN when required. Sonication was performed 
for 5–10 min (amplitude: 45 %, 5 s ON / 5 s OFF pulses), 
followed by centrifugation at 18000 rpm for 50 min at 
4 °C. Soluble and insoluble fractions were analyzed by 
SDS-PAGE. Soluble supernatants were filtered (0.45 μm) 
and purified via Ni-NTA affinity chromatography using 
pre-packed HisTrap FF columns (GE Healthcare). Columns 
were equilibrated with 10 column volumes (CV) of lysis 
buffer, followed by sample loading. Unbound proteins 
were washed with 10 CV of lysis buffer and 5 CV of wash 
buffer (50 mM sodium phosphate, 25 mM imidazole, 
300 mM NaCl, pH 8.0). Target proteins were eluted with 
elution buffer (50 mM sodium phosphate, 300 mM 
imidazole, 300 mM NaCl, pH 8.0). Protein concentrations 
were determined spectrophotometrically using the flavin 
absorbance at 449 nm and standard equations (C = A / ε 
d). Protein purity was assessed by SDS-PAGE, and purified 
enzymes were stored in dialysis buffer until use. 
 

RESULTS 

Expression and Purification in 96–well 
Plates 

An AmDH, namely the cFL1-AmDH (also abbreviated as 
Ch1-AmDH),[40,41] was selected for assay development due 
to its high expression levels, minimizing the risk of false 
negatives caused by poor enzyme yield. Cultivation trials 
were carried out in 1 mL and 2 mL volumes in 96-deep-well 
blocks to identify optimal growth conditions. In both for-
mats, robust expression was achieved, with 2 mL cultures 
providing higher yields. Cell lysis under the optimized pro-
tocol produced sufficient soluble protein for downstream 
processing. 
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 Purification was performed using Ni-NTA magnetic 
beads, with conditions optimized based on small-scale 
trials using known concentrations of cFL1-AmDH. Key 
parameters including bead binding capacity, incubation 
and elution times, imidazole concentration, and elution 
volume were systematically tested. Optimal recovery 
(~300 μg, 6 mg mL–1) was achieved with 500 mM imidazole 
in a single 50 μL elution after 20 min binding and 5 min 
elution. SDS–PAGE analysis confirmed high purity and 
consistent yields across wells in both 1 mL and 2 mL 
formats. 
 To evaluate the reproducibility of enzymatic activity, 
the biocatalytic reactions were performed using the 
purified cFL1-AmDH from different well positions. Para-
fluoro phenylacetone (Figure 2a), a known substrate for 
cFL1-AmDH was used together with 90 μM of enzyme.[6] 
Reactions were monitored at 3 h and 24 h. After 3 h, 
approximately 40 % conversion was observed across all 
samples, while complete conversion was reached after 24 h 
(Figure 2b), confirming both the reliability of the assay and 
consistency of enzyme performance across the plate. 
 As a potential scaffold for the development of (S)–
selective AmDHs compatible with our screening platform, 
we selected D-AADH from Corynebacterium glutamicum.[42] 

D-AADH has a natural stereoselectivity that aligns with the 
desired (S)–amine configuration. The engineered enzyme 
natively produces D-amino acids; by replacing polar 
residues that interact with the α-carboxylate with 
hydrophobic ones, ketones (e.g., methyl ketones) or 
aldehydes as substrates might be accommodated in a 
similar binding orientation, leading to formation of (S)-
configured amines. To explore this possibility, we first 
examined whether the parental scaffold could be 
expressed and purified under the same high-throughput 
conditions established for cFL1-AmDH. High expression 
levels were confirmed (Figure 2d, sample 2) compared to 
the sample before induction (Figure 2d, sample 1); 
additionally, cell lysis with B-PER reagent supplemented 
with lysozyme and DNase yielded most of the enzyme in the 
soluble fraction (Figure 2d, sample 3). Purification via Ni-
NTA magnetic beads was efficient, with nearly complete 
binding—as no enzyme was detected in the buffer after 
bead removal (Figure 2d, sample 5)—and complete elution 
in a single fraction (Figure 2d, sample 6), mirroring the 
consistency observed with cFL1-AmDH. Protein 
quantification with the Bradford assay established that the 
50 μL elution sample contained approximately 0.5 mg mL–1 
of enzyme, corresponding to a total of 25 μg per sample. 

 

Figure 2. a) General scheme of biocatalytic reactions performed with amine dehydrogenases (AmDHs). b) Conversion of 
substrate para-fluoro phenylacetone to its corresponding amine product using cFL1-AmDH after expression and purification in 
96-deep-well blocks; conversions were measured after 3 h (black line) and 24 h (blue line). c) Structural model of the D-AADH 
scaffold bound to phenylpyruvic acid generated with AlphaFold3. d) Expression and purification of D-AADH in 96-well plate 
format. 
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These results confirmed that D-AADH from Corynebacterium 
glutamicum is compatible with the assay pipeline  
and justified its use as a suitable starting point for  
future mutagenesis aimed at generating a library of  
(S)-stereoselective AmDH variants. Such a mutagenesis 
campaign, however, requires the parallel development of a 
screening system capable not only of detecting amine 
formation but also of distinguishing the enantiomers. 

Development of Enantioselective 
Colorimetric Assays 

To this end, we sought a highly enantioselective enzyme 
that could selectively recognize one amine enantiomer and 
transform it into a product while yielding a colorimetric 
signal. Ideally, this transformation would be coupled to 
hydrogen peroxide generation, thereby linking enantiomer 
recognition directly to colorimetric detection. Colorimetric 
detection of hydrogen peroxide (H₂O₂) is a well-established 

strategy in biochemical assays, exploiting the ability of HRP 
to catalyze the oxidation of various substrates in the 
presence of H₂O₂, yielding a visible color change.[32–34] We 
therefore hypothesized that an enzyme capable of 
selectively oxidizing one enantiomer of an amine while 
releasing stoichiometric H₂O₂ would be an excellent 
candidate for such an assay. MAOs fulfill this role 
effectively, as they can selectively deaminate (S)-
configured amines to their corresponding prochiral imines, 
with concurrent production of H₂O₂.[43] 

 To translate this into a robust readout system, we 
employed HRP in coupled colorimetric reactions (Figure 3) 
using either 2,4,6–tribromo–3–hydroxybenzoic acid (TBHBA, 
compound 1) or chromotropic acid (CTA, compound 4) in 
combination with 4-aminoantipyrine (AAP, compound 2). 
These substrates react in the presence of H₂O₂ to form 
intensely colored products such as compound 3 (magenta, 
λmax = 510 nm) and compound 5 (blue, λmax = 590 nm).  

 

Figure 3. Investigated screening assays for enzyme variants using (a) 2,4,6-tribromo-3-hydroxybenzoic acid 1 or (b) 
chromotropic acid 4, respectively, with aminoantipyrine 2. For 3, the molar extinction coefficient (ε) at 510 nm is reported to 
be 2.9 × 104 M–1 cm–1 and remains constant under various assay conditions. In contrast, the molar extinction coefficient of 5 at 
590 nm varies significantly depending on the assay conditions (e.g., 2.5–6.8 × 104 M–1 cm–1). Since no generally accepted value 
has been established for chromophore 5 under our assay conditions, the molar extinction coefficient of 5 at 590 nm was 
calculated from the data in Table 2 and Figure 5 as 6.6 × 104 M–1 cm–1. 
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The resulting chromophores are readily detectable by eye 
or spectrophotometrically in high-throughput formats, 
enabling sensitive and selective monitoring of enantiomer 
formation. It is important to note that the primary objective 
of the developed assay is high-throughput qualitative 
screening for identifying enzyme variants producing the 
desired enantiomer. While the colorimetric signal 
correlates with the amount of oxidizable amine present, 
the system is not intended for precise quantification of 
enantiomeric excess, but rather for rapid hit identification 
and ranking of enantioselective variants at initial stages of 
evolution campaigns (hit / not hit). 
 To evaluate our hypothesis, we selected (S)–hexan–
2–amine (7) and (S)–1–phenylethanamine (8) as model sub-
strates (Figure 3). These amines are structurally similar to 
D-norleucine and D-phenylglycine, which can be synthe-
sized by D-AADH, yet they lack carboxylic acid moiety. 
Importantly, both substrates have been reported to be 

accepted by the monoamine oxidase variant MAO-D5, mak-
ing them suitable candidates for testing the 
enantioselective oxidation.[44] Moreover, their structural 
resemblance to the D-AADH products allows us to probe 
whether engineered variants could shift selectivity from 
carboxylated to non-carboxylated amine substrates in 
future work, and whether the resulting enantioselective 
conversion could be effectively detected through our H₂O₂-
dependent colorimetric assay. 
 To evaluate the performance of the colorimetric 
assay, initial tests were conducted using 100 mM sodium 
phosphate buffer (pH 6.5), 3 mM AAP (compound 2), 
15 mM chromotropic acid (CTA, compound 4), and 10 mM 
hydrogen peroxide. The reaction was initiated by the 
addition of HRP (10 μg mL–1) and 5 mM of (S)-2-
heptylamine (7). Within 5 minutes, a strong blue coloration 
was observed in the test reactions (Figure 4 wells A2–C2), 
while the negative control without HRP (NPC, non-protein 
control in wells A1–C1) remained colorless, confirming that 
the signal was enzyme-dependent.  

 To optimize conditions for MAO-D5, the reaction 
was also performed in 100 mM potassium phosphate 
buffer (KPi, pH 7.6), which is preferred by this enzyme. A 
similarly intense blue color developed after 5 minutes, and 
spectrophotometric measurements at 590 nm revealed 
higher absorbance values in KPi buffer compared to NaPi 
buffer. Importantly, negative control absorbance remained 
low (NPC < 0.25) after 30 minutes in KPi, indicating good 
signal-to-noise performance (Table 1). 
 Next, the assay’s sensitivity to H₂O₂ was evaluated. 
Varying concentrations of externally added H₂O₂ (0–5 mM) 
were tested to determine the detection limit. As shown in 
Table 2, the assay reliably detected H₂O₂ concentrations as 
low as 0.1 mM, with the absorbance increasing in a concen-
tration-dependent manner until saturation was observed 
at approximately 1 mM. The absorbance response was lin-
ear between 0 and 0.5 mM H₂O₂; therefore, these data 
points were used to generate Figure 5 and to determine the 
molar extinction coefficient of compound 5 at 590 nm 
under our assay conditions to be 6.6 × 104 M–1 cm–1, as dis-
cussed in the caption of Figure 3. 

 

Figure 4. Initial validation of the colorimetric assay using the 
CTA/AAP-based system and (S)-2-heptylamine. Reaction 
wells A2–C2 contained 100 mM sodium phosphate buffer 
(pH 6.5), AAP (3 mM), CTA (15 mM), H₂O₂ (10 mM), (S)-2-
heptylamine (5 mM), and HRP (10 μg mL⁻¹). Wells A1–C1 
represented negative controls lacking HRP. The blue 
coloration observed in wells A2–C2 after 5 min confirmed 
HRP-dependent formation of the colored product, while the 
absence of color in wells A1–C1 confirmed the lack of non-
enzymatic background signal under these conditions. 
 

Table 1. Comparison of assay performance in sodium phosphate and potassium phosphate buffers. 

100 mM NaPi pH 6.5, Abs at 590 nm 100 mM KPi pH 7.6, Abs at 590 nm 

5 min 30 min 5 min 30 min 

NPC Reaction NPC Reaction NPC Reaction NPC Reaction 

0.17 0.84 0.50 3.6 0.08 1.03 0.2 3.4 

0.13 0.86 0.51 3.6 0.12 0.83 0.22 3.3 

0.13 0.90 0.56 3.5 0.11 0.90 0.19 3.3 

Conditions: 100 mM sodium phosphate buffer (pH 6.5) or 100 mM potassium phosphate buffer (pH 7.6), AAP (3 mM), CTA (15 mM), H₂O₂ (10 mM),  
(S)-2-heptylamine (5 mM), and HRP (10 μg mL⁻¹). Absorbance was measured at 590 nm after 5 and 30 min. 
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 While all results with CTA were obtained using exter-
nally added H₂O₂, the next step was to assess whether H₂O₂ 
generated in situ by MAO-D5 could be used for detection. 
Reactions were prepared using crude MAO-D5 lysate 
(15 μL) and varying concentrations of (S)-2-heptylamine (7), 
but no color formation was observed. This suggested that 
CTA may inhibit MAO activity. 
 To investigate this possibility, we turned to an alter-
native assay based on 2,4,6–tribromo–3–hydroxybenzoic 
acid (TBHBA), which could offer a less inhibitory detection 
system (Figure 3a). As a positive control, reactions were 
performed using 5 mM (S)-α-methylbenzylamine (8) in the 
presence of TBHBA (1) and 4–aminoantipyrine (2). When 
combined with MAO-D5 cell-free extract (5–15 μL), a 
strong magenta color appeared within 10 minutes, con-
firming enzyme activity. In contrast, the test assay with (R)-
enantiomer resulted in no coloration even after 24 hours, 
demonstrating the high enantioselectivity of MAO-D5. 
Furthermore, non-protein controls lacking MAO-D5 
remained colorless, confirming that color development 
depended entirely on enzymatic H₂O₂ formation. 
 Having confirmed MAO-D5 activity under these 
assay conditions, we reconsidered whether the lack of 
signal in the CTA-based assay was due not to CTA-mediated 
inhibition, but rather to poor substrate recognition of (S)-2-
heptylamine (7) by MAO-D5. To test this, we evaluated 
racemic 2-hexylamine under the same TBHBA-based assay 
conditions. A magenta signal became visible within 20 
minutes for substrate concentrations between 0.5–5 mM, 
while reactions with 0.1 mM required approximately 
3 hours for detectable coloration. These results confirmed 
that MAO-D5 efficiently accepts 2-hexylamine and that the 

assay is sensitive to low H₂O₂ concentrations. Based on 
these findings, we concluded that CTA likely inhibits MAO-
D5 and therefore proceeded with further experiments us-
ing the TBHBA-based assay system. 
 Having established that the TBHBA-based assay reli-
ably reports MAO-D5 activity in the presence of (S)-config-
ured amines and demonstrates both high sensitivity and 
enantioselectivity, we next integrated it into the final high-
throughput screening protocol for engineered D-AADH var-
iants. The goal was to directly detect the formation of (S)-
configured amines via reductive amination, using H₂O₂ gen-
eration as a selective and quantifiable signal. With this 
setup, MAO-D5 acts as a stereochemical gatekeeper 
accepting only (S)-amines and producing H₂O₂ stoichiomet-
rically, which is subsequently detected via the colorimetric 
HRP cascade. Under the assay conditions, we expect that 
the intensity of the colorimetric signal will reflect the rela-
tive amount of the oxidizable (S)-configured amine, and 
therefore may correlate with the enantiomeric composi-
tion of the reaction mixture to a certain extent. The final-
ized protocol consists of two sequential steps following 
enzyme purification. First, 50 μL of the reaction mixture 
(RM) were added to 50 μL of the purified AmDH. The RM 
contained ketone (10 mM), glucose dehydrogenase (GDH, 
2 mg mL–1), D-glucose (100 mM), and NADP⁺ (2 mM) in 
400 mM NH₄Cl buffer (pH 9), supplemented with 100 mM 
K₂CO₃, conditions optimized for this enzyme.[42,45] After the 
reductive amination step, 200 μL of the assay solution (AS) 
was added, consisting of 0.54 mM of compound 1, 
0.75 mM of compound 2, 15 μL MAO-D5 crude cell lysate, 
and 10 μg mL–1 HRP in 500 mM KPi buffer (pH 7.6). 

 

Figure 5. Linear correlation (R2 = 0.992) between absorbance 
at 590 nm and H₂O₂ concentration in the CTA/AAP-HRP assay. 
The molar extinction coefficient of compound 5 was 
calculated from the slope of the linear fit (4111 M⁻¹) and the 
optical path length according to the Beer–Lambert law. 

Table 2. Investigation of the assay’s sensitivity at varied 
concentrations of H2O2. 

[H2O2] / mM Abs 590 nm 

0.0 0.15 

0.1 0.35 

0.2 0.86 

0.3 1.30 

0.4 1.70 

0.5 2.13 

1 3.35 

2 3.4 

3 3.4 

4 3.4 

5 3.4 

Conditions: 100 mM potassium phosphate buffer pH 7.6, AAP (3 mM), CTA 
(15 mM), varied H₂O₂ concentrations (0–5 mM), and HRP (10 μg mL⁻¹). 
Absorbance was measured at 590 nm after 5 min. 
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 To simulate a hypothetical scenario of 50 % conver-
sion of 10 mM 2-hexanone to the corresponding amine 
compound, a mock reaction was prepared containing 5 mM 
2-hexanone and 5 mM 2-hexylamine. This was mixed  
with elution buffer containing 1 mg mL–1 D-AADH and 
subsequently combined with the assay solution. The 

reaction was performed in triplicate (S2–S4), with negative 
control lacking amine (S1) or containing only ketone (S5) 
and one positive control (S6) containing 5 mM  
2-hexylamine directly in the AS without any RM or D-AADH 
(Figure 6). 
 After 24 hours, all test reactions (S2–S4) developed 
a clear magenta color, while the negative controls (S1) or 
(S5) remained uncolored. The positive control without 
ketone (S6) yielded the expected coloration, confirming the 
assay’s functionality.  

Assessment of Throughput and 
Sensitivity in a Directed Evolution 

Campaign 
To evaluate the practical applicability of the developed ee-
HTS assay under realistic enzyme engineering conditions, 
the final protocol was applied in a directed evolution cam-
paign involving the screening of a library of D-AADH variants 
(Figure 7). Approximately 7,400 variants distributed across 
77 microtiter plates were screened using the sequential 
two-step protocol consisting of: (i) reductive amination 

 

 

Figure 7. Schematic overview of the workflow used to screen D-AADH variants in 96-well plate format. Step 1: D-AADH variant 
libraries are expressed in microplate format, and cells are lysed to obtain enzyme-containing crude lysates. Step 2: Lysates are 
transferred to paired reaction and background-control plates. Step 3: The enzymatic reaction is performed by adding the 
reaction mixture (RM) to the enzyme-containing lysate. The RM contains ketone substrate (10 mM), glucose dehydrogenase 
(GDH, 2 mg mL⁻¹), D-glucose (100 mM), NADP⁺ (2 mM), NH₄Cl buffer (400 mM, pH 9), and K₂CO₃ (100 mM). This first step 
enables reductive amination and potential formation of the target chiral amine. Step 4–5: MAO-D5 selectively oxidizes the 
formed (S)-configured amine to the corresponding imine, generating H₂O₂ as a stoichiometric by-product. The assay solution 
contains MAO-D5 crude cell lysate, horseradish peroxidase (HRP, 10–20 μg mL⁻¹), 4-aminoantipyrine (AAP, 0.75 mM), and 2,4,6-
tribromo-3-hydroxybenzoic acid (TBHBA, 0.54 mM) in potassium phosphate buffer (KPi, 500 mM, pH 7.6). H₂O₂ is detected 
through HRP-mediated coupling, resulting in the formation of a magenta-colored product. Step 6: Reaction plates are compared 
directly with the corresponding background plates lacking substrate, and variants are ranked based on the absorbance 
difference at 510 nm. Step 7: Variants showing the highest signal-to-background differences are selected for secondary 
validation by GC analysis at Step 8. 

 

Figure 6. Colorimetric assay for the detection of amine 
formation under simulated screening conditions. The 
reactions (S2-S4) consist of 5 mM 2-hexanone and 5 mM  
2-hexylamine with elution buffer containing D-AADH  
(1 mg mL⁻¹). This mixture was then combined with assay 
solution containing TBHBA (0.54 mM), AAP (0.75 mM), 
MAO-D5 crude cell lysate (15 μL), and HRP (10 μg mL⁻¹) in 
KPi buffer (500 mM, pH 7.6). 
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catalyzed by the D-AADH variants and (ii) stereoselective 
oxidation of the generated amine product by MAO-D5 
coupled with HRP-mediated color formation. The screening 
campaign was performed in an aqueous 96-well plate 
format using crude lysates, with absorbance measured at 
510 nm. The assay enabled rapid ranking of variants based 
on the measured absorbance values relative to the 
corresponding backgrounds (i.e., negative controls). 
 Approximately 200 variants that produced the 
highest colorimetric responses were selected for secondary 
analysis, re-expressed and purified on a small scale, and 
subsequently evaluated by GC-FID following biocatalytic 
reactions. This initial D-AADH library did not ultimately 
contain variants capable of converting the selected 
substrate at synthetically useful levels. We detected only 
trace formation (< 1 % conversion) of the target amine, 
most likely due to the highly challenging nature of the 
enzyme engineering project, and/or the too low size and 
diversity of the D-AADH library. Nevertheless, we were able 

to demonstrate that the assay itself functions effectively, as 
even trace product formation could be detected. 
Importantly, the results also highlight the role of the 
colorimetric assay as a primary screening tool for potential 
hit identification and ranking, while confirming the need for 
secondary analytical validation by GC or HPLC to quantify 
product formation and exclude false-positive hits. 
Therefore, the assay is intended primarily as a high-
throughput qualitative to semi-quantitative screening 
method rather than as a precise method for the 
quantitative determination of AmDH activity. 
 Importantly, the screening of the D-AADH variant 
library also provided insight into the balance between assay 
sensitivity and throughput. Under the optimized protocol, 
1.5 h of color development at 30 °C was sufficient for same-
day variant ranking by absorbance measurement at  
510 nm. Approximately 7400 D-AADH variants were 
screened across 77–79 plates. With manual handling of 
approximately four plates per day, a library of this size can 

 

 

Figure 8. Generalization of the TBHBA/AAP–HRP colorimetric assay to alcohol dehydrogenase activity. (a) Schematic 
representation of the coupled assay, in which Lb-ADH catalyzes the oxidation of (R)-1-phenylethanol to acetophenone with 
concomitant reduction of NADP⁺ to NADPH. YcnD then reoxidizes NADPH to NADP⁺ using molecular oxygen, generating H₂O₂, 
which is detected by HRP-mediated oxidation of TBHBA/AAP to form a magenta-colored product. (b) Representative 
colorimetric assay. The reaction mixture contained Lb-ADH (45 μM), YcnD (10 μM), NADP⁺ (0.5 mM), HRP (20 μg mL⁻¹), (R)-1-
phenylethanol (20 mM), TBHBA (5.4 mM), and AAP (7.5 mM) in buffer. (c) Eye-detection image of the Lb-ADH/YcnD-coupled 
colorimetric assay; sample 1 is the non-protein control lacking Lb-ADH; samples 2 and 3 are reactions containing Lb-ADH and 
independent YcnD preparations; sample 4 is a positive control containing externally added H₂O₂ (10 mM). Magenta coloration 
indicates H₂O₂ formation coupled to alcohol oxidation. 
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be screened in about 20 working days, demonstrating the 
practical suitability of the assay for early-stage directed evo-
lution campaigns. Admittedly, the method now needs to be 
applied to the screening of larger and more diverse variant 
libraries, possessing significantly higher catalytic activities. 

Generalization of the Colorimetric Assay 
for Diverse Oxidoreductase Activities 

Beyond its use with the enantioselective synthesis of chiral 
amines for NAD(P)H-dependent oxidoreductases like 
AmDHs or reductive aminases (RedAms), this colorimetric 
platform can be generalized to other oxidoreductases, such 
as alcohol dehydrogenases (ADHs), demonstrating its ver-
satility for broader biocatalyst screening. As proof of con-
cept, the assay was adapted into a simplified two-enzyme 
cascade. In the first oxidative step, the ADH catalyzes the 
stereoselective oxidation of an enantiopure alcohol to its 
corresponding ketone or aldehyde, reducing NADP⁺ to 
NADPH. To regenerate NADP⁺ and couple the assay to color 
development, the highly specific NADPH oxidase YcnD from 
Bacillus subtilis was employed.[46] YcnD oxidizes NADPH 
back to NADP⁺ using molecular oxygen and generates stoi-
chiometric hydrogen peroxide (H₂O₂) as a byproduct.[47] The 
in situ formation of H₂O₂ is subsequently detected via the 
peroxidase-based chromogenic reaction (Figure 8). Thus, this 
system enables direct evaluation of ADH activity and 
enantioselectivity through a colorimetric readout. 
 As mentioned, H₂O₂ generated by YcnD-catalyzed O2 
reduction is coupled to horseradish-peroxidase-mediated 
dye formation, utilizing 2,4,6-tribromo-3-hydroxybenzoic 
acid and 4-aminoantipyrine as substrates (Figure 8). To 
evaluate the ADH assay, we selected the anti-Prelog, NADP-
dependent ADH from Lactobacillus brevis (Lb-ADH) as a 
model enzyme. Lb-ADH is a well-characterized enzyme with 
extensive literature describing its substrate scope and 
stereoselectivity, making it an ideal benchmark candidate 
for validating the generality of the platform.[39,48,49]  
 After successfully expressing and purifying Lb-ADH 
and YcnD, the assay mixture contained Lb-ADH (45 μM), 
YcnD (10 μM), NADP⁺ (0.5 mM), HRP (20 μg mL–1), and  
1-phenylethanol (20 mM) as substrate. In this reaction,  
Lb-ADH catalyzes the enantioselective oxidation of (R)-1-
phenylethanol (9) to acetophenone, thus enabling direct 
correlation between color formation and enzyme 
enantioselectivity. Reactions containing both Lb-ADH and 
YcnD developed a distinct magenta coloration within hours 
(Figure 8c, samples 2–3), whereas the non-protein control 
(NPC, Figure 8c, sample 1) remained colorless. A positive 
control with externally added H2O2 (10 mM) was also 
included in the experiment (Figure 8c, sample 4). These vis-
ual results were corroborated by GC-FID analysis, which 
confirmed > 99 % substrate conversion. This dual validation 
underscores the assay’s sensitivity, reliability, and 

versatility for high-throughput screening of different 
dehydrogenases. 
 

CONCLUSIONS 
In this study, we have developed a robust, enantioselective 
high-throughput screening platform that integrates 
efficient expression and purification of oxidoreductases in 
a 96-well plate format with a colorimetric readout based on 
hydrogen peroxide detection. Using MAO-D5 as a 
stereoselective gatekeeper, the assay reliably distinguishes 
(S)-amines from their (R)-counterparts and converts 
enantiomer recognition into a colorimetric signal. The 
TBHBA/AAP–HRP cascade demonstrated high sensitivity, 
low background, and clear discrimination in both mock and 
enzymatic reactions, validating its suitability for screening 
engineered amine dehydrogenase libraries. The 
applicability of the present assay is dependent on the 
selectivity and substrate scope of the reporter oxidase used 
for stereochemical discrimination. In this study, MAO-D5 
enables selective detection of (S)-configured amines; 
however, the degree of enantiomeric discrimination can be 
substrate-dependent and, therefore, this feature has to be 
determined on a case-by-case basis before starting the 
screening of variants toward a specific substrate. In 
addition, the limited availability of complementary (R)-
selective oxidases currently restricts broader application 
toward both enantiomeric series. Furthermore, successful 
implementation of the assay requires overlapping 
substrate compatibility between the reporter oxidase and 
the target oxidoreductase. Despite these limitations, the 
assay provides a simple and accessible platform for rapid 
enantioselective screening in aqueous microplate formats 
without the need for derivatization or specialized 
instrumentation. Importantly, we showed that this principle 
extends beyond amine synthesis. By coupling alcohol 
dehydrogenase activity to NADPH re-oxidation catalyzed by 
YcnD, we established a generalizable two-enzyme cascade 
that produces stoichiometric hydrogen peroxide, enabling 
enantioselective detection of alcohols. Application to 
Lactobacillus brevis ADH confirmed both activity and 
stereoselectivity, with visual results fully supported by GC-
FID analysis. Collectively, these results demonstrate that the 
platform is sensitive, scalable, and adaptable across 
dehydrogenase enzyme families. By directly linking 
enantiomer recognition to a simple colorimetric readout, this 
system addresses the need for rapid and selective 
identification of stereoselective variants while minimizing 
reliance on derivatization, specialized equipment, or low-
throughput analytics. Future work will focus on applying this 
assay to large-scale mutagenesis campaigns, thereby 
accelerating the discovery and optimization of novel 
stereoselective biocatalysts for sustainable synthesis. 
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